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“One of the most significant challenges in the future will be to refine our 
understanding of metabolism in plastids down to the level of the single cell. This 
will require a bedrock of biochemical information, coupled with the tools of cell 
biology and molecular biology, to produce a clear picture of the function of an 
individual plastid in the context of its cellular environment in a particular species” 





Soybean (Glycine max L.) somatic embryos and their plastids are being used as a 
model to study fatty acid and glycerolipid biosynthesis in developing soybean embryos.  
In this regard, de novo fatty acid biosynthesis from 
14
C-acetate by plastids isolated from 
exponentially growing embryos has been characterized.  Isolated plastids have an 
absolute requirement for exogenously supplied ATP, coenzyme A, and bicarbonate.  The 
greatest rates of fatty acid biosynthesis were observed in the presence of 7 mM, 0.35 mM 
and 60 mM of each of these cofactors, respectively.  Although not required for activity, 
fatty acid biosynthesis was improved by up to 110 and 120 % by the addition of the 
divalent cation Mg
2+
 and glycerol-3-phosphate, respectively.  The addition or omission of 
reduced nucleotides NADH and NADPH had little or no effect.  Fatty acid biosynthesis 
was optimal at pH 8 in 50 mM Tricine buffer with 0.5M sorbitol osmoticant and 
incubated for 1 hour at 25 °C.  Acetate was the preferred precursor for fatty acid 
biosynthesis at low (≤1mM) concentrations while pyruvate was preferred at higher 
concentrations (up to 50mm). Under optimum conditions, maximum rates of fatty acid 
biosynthesis from acetate ranged from 400 to 800 nmoles acetate/hr-mg chlorophyll, and 
were linear for 1 hour but still increasing up to 6 hours.  Radioactivity from acetate was 
recovered mainly in palmitic and oleic acid.  Plastids synthesized mainly 
phosphatidylcholine, phosphatidic acid, triacylglycerol and diacylglycerol, with smaller 
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FATTY ACID & LIPID BIOCHEMISTRY OF PLASTIDS 
Introduction 
Plastids carry out many different metabolic processes simultaneously and there 
are complex arrays of metabolites which permeate the plastid membranes.  It is necessary 
to understand how the plastid regulates the availability of resources for the various 
processes and how they manage the metabolite pools to balance processes competing for 
the same resources.  Such information can be obtained by experiments made on intact 
tissues, or from isolated plastids from embryos grown in tissue culture.  
The photosynthetic process of the chloroplast is one of the best defined plastid 
functions.  However, nonphotosynthetic plastids are central to various synthetic and 
assimilation processes leading to valuable end-products.  The plastids conduct anabolic 
and catabolic processes simultaneously and must regulate carbon flux as well as the 
common pool of resources which feed these processes.  These metabolic 
interactions/relationships vary according to developmental stage, tissue type and species.  
Biochemical studies utilizing isolated plastids from various species and tissues are 
necessary to provide critical knowledge to ensure the successful genetic engineering of 
processes to improve end products, yield, plant defense capabilities, and viability (Kinney 
& Clemente, 2005; Sparace & Kleppinger-Sparace, 2008).  
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Characterization of chloroplasts has been conducted primarily in leaf tissues, but 
other variations of green plastids are found in a wide range of tissues and embryos. 
Metabolic relationships in green plastids of storage tissues have been examined in plant 
systems such as rapeseed embryos (Kang & Rawsthorne, 1996), pea embryos (Smith, 
Quinton-Tulloch, & Denyer, 1990), sweet pepper (Batz, Scheibe, & Neuhaus, 1993), 
tomato fruits (Schunemann & Borchert, 1994), and others.  
Similarly, metabolic studies have also been carried out in heterotrophic plastids in 
various plant systems such as pea root plastids (Sparace & Kleppinger-Sparace, 2008), 
safflower & linseed plastids (Browse & Slack, 1985), sunflower (Pleite et al., 2005), and 
daffodil (Kleinig & Liedvogel, 1980). However, comparable studies have not been 
performed using plastids from developing soybean embryos.  
Chapter one reviews the relevance of soybean and why knowledge of soybean 
plastid lipid biochemistry is important. It describes various plastids, plastid metabolism 
and plastid functions.  Well defined anabolic and catabolic biochemical pathways within 
the plant and plastids will be reviewed along with the complexities of these pathways 
with respect to competition for resources, transport systems, regulation, as well as 
developmental and temporal effects.  Finally, an overview of the objectives of this project 
along with the rationale for why a study of this nature is important with respect to 






The US is the world’s leading producer and exporter of soybean which is the 
largest source of protein feed and the second largest source of vegetable oil in the world.  
The farm value of US soybean production was $29.6 billion making soybean the second 
highest value crop (corn being first) for 2008/09. Total oilseed production in the USA is 
composed of 90% soybean. The remaining 10% is composed of other oilseed plants such 
as cottonseed, peanuts, sunflower seed, canola, flax and safflower (ERS_USDA, 2010; 
Kinney & Clemente, 2005). 
Soybean and the Biodiesel Market 
A variety of feedstocks are being used for the emerging biodiesel industry, 
especially vegetable oils from canola (rapeseed), corn, palm, sunflower, and cottonseed, 
as well as a variety of used cooking oils and fats.  However, soybean oil is the leading 
feedstock in the US for biodiesel with approximately 90% of US biodiesel using soybean 
for production (Butzen, 2006; Kinney & Clemente, 2005). Currently protein meal for 
livestock feed is the traditional driver of soybean economics; however with the economic, 
environmental and political forces driving the biodiesel industry, this new market 
potentially will shift importance to the oil content for soybean. A plant with higher oil 
content results in higher oil production per acre and fewer by-products with respect to 
other oil seed crops.  Canola is currently recognized as having a greater efficiency and oil 
yield per acre due to its greater oil content (44 to 50%) compared to soybean (~19%) 
(Butzen, 2006); therefore threatening this market for soybean. Genetic differences have 
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been shown to make selection for higher oil soybean varieties possible (Butzen, 2006; 
Kinney & Clemente, 2005). A greater understanding of the biochemical processes and 
control of carbon flux to fatty acid biosynthesis (FABS) and oil accumulation in soybean 
seeds would be helpful to develop novel energy crops. Soybean somatic embryos are 
emerging as an important tool for conducting such studies (He et al., 2011). 
Short Term Goal of Proposed Project 
A metabolomics approach is being used to define the metabolic, biochemical and 
enzymatic processes occurring in developing soybean somatic embryo plastids. Plastids 
are a key organelle with a major role in carbon and resource allocation to oil biosynthesis.  
Once these processes are defined for soybean, reactions and/or enzymes can be 
manipulated in a manner which should enhance oil accumulation. In order for soybean to 
continue to efficiently compete with other oilseed plants for the biodiesel industry, while 
maintaining other commercial applications, these biochemical pathways and regulatory 
mechanisms must be characterized.  The Soybean Strategic Planning Meetings for 2008-
2012 specified the challenge of metabolomics to identify biochemical processes, 
chemicals involved, dynamics and explanation of cellular function as an important 
research area (Shoemaker et al., 2007).  This research area is important as it relates to the 
numerous metabolites known to be involved in determining the quality of soybean with 
respect to the food industry.  In addition, soybean producer expectations were outlined in 
this Soybean Strategic Plan. Soybean seed composition must meet the end-user’s needs 
presently as well as in the future. It has been predicted that soybean seed protein and oil 
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content needs may change due to the rapidly increasing USA biofuel markets.  Presently, 
soybean protein, required as animal feed stocks and for human consumption, drives the 
market.  However, future market demands may shift soybean oil content from a ‘valuable 
co-product’ towards a primary product as biofuel industries create new market demands 
(Shoemaker et al., 2007). Since soybean is an extremely valuable crop with high 
economic impact, research is required to better understand and manipulate metabolic 
processes of soybean.  The main objective of this research project is to characterize the 
process of de novo fatty acid biosynthesis in soybean somatic embryo plastids.  
Plastids 
Plastid Types 
Plastids are a diverse group of organelles with multiple forms and a variety of 
specialized functions. They are generally placed into categories based on color, structure, 
and stage of development and are often broadly categorized as photosynthetic and non-
photosynthetic (or heterotrophic) (Sparace & Kleppinger-Sparace, 2008).   However, it is 
common to find plastids exhibiting features of more than one type when using a 
classification system based on these factors (Moller, 2005). All plastids are delimited by 
a double membrane with the outer membrane acting as a barrier to the movement of 
proteins, and the inner membrane functioning as a barrier to small metabolites.  Plastids 
have evolved to store various compounds and sequester them from cytosolic metabolic 
activities (Kirk & Tilney-Bassett, 1978). Proplastids are progenitors of other plastids; 
they are colorless and often occur in meristematic cells (Neuhaus & Emes, 2000). 
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Proplastid biology is fundamental to plastid development, but it is poorly understood 
since methods to observe, track, and isolate sufficient quantities of small unpigmented 
organelles from dense meristematic tissues are difficult (Robertson, Pyke, & Leech, 
1995). Various plastid types are classified and described as follows: 
 Chloroplasts are distinctly pigmented with chlorophylls, and are capable of 
performing photosynthesis. They also have a distinctive internal membrane 
structure composed of thylakoid discs.   In addition to being the photosynthetic 
plastids in leaf tissue, chloroplasts are also associated with unripe fruits, embryos 
and storage cotyledons (Neuhaus & Emes, 2000). 
 Chromoplasts typically accumulate various carotenoids giving rise to the non-
green colorations (red, orange, yellow) associated with petals, fruits and leaves 
(Neuhaus & Emes, 2000). Chromoplasts are specialized for short-term storage 
rather than long term storage, and are considered to be terminally differentiated 
(Thomson & Whatley, 2005). 
 Etioplasts are produced when leaves are grown in the absence of light. They lack 
much of the chlorophyll pigments and thylakoid membranes associated with 
chloroplasts. Etioplasts readily differentiate into chloroplasts when light is 
provided.  
 Leucoplasts are colorless plastids which include the groups of amyloplasts and 
elaioplasts, and typify heterotrophic plastids in terms of their biochemical 
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characteristics. Leucoplasts play an important role in FABS in developing oil 
seeds (Somerville et al, 2000; Somerville & Browse, 1991).  
o Amyloplasts synthesize and store starch and are found in roots and 
storage tissues such as tubers & fruits, and the endosperm and cotyledons 
of seeds (Neuhaus & Emes, 2000). Amyloplasts are also found in the root 
cap columella cells where they are crucial to gravity perception. They 
generally are differentiated from proplastids, but can de-differentiate from 
chloroplasts (Thomson & Whatley, 2005). 
o Elaioplasts contain large quantities of oil and are found in the epidermal 
cells of some monocotyledonous plants and some oil seed plant taxa 
(Neuhaus & Emes, 2000). 
Plastid Metabolism 
Neuhaus and Emes (2000) refer to the plastids as the “biosynthetic and 
assimilatory powerhouse of the plant cell”. As such, this organelle has the greatest role in 
processing metabolic resources in the seeds.  Plastids continuously export/import various 
precursors and intermediates as well as complex lipids and fatty acids for a variety of 
biochemical processes (Benning, 2008). A supply of metabolic energy and reduced 
carbon is required to support all of the biosynthetic activities of plastids. The highly 
specialized chloroplasts can provide their own energy (ATP, NADPH) and reduced 
carbons precursors needed for their metabolic activity (Sparace & Kleppinger-Sparace, 
2008).  Nonphotosynthetic plastids must import many required metabolites from the 
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cytosol or generate them by oxidative metabolism within the organelle (Neuhaus & 
Emes, 2000; Sparace & Kleppinger-Sparace, 2008). The compartmental interaction 
between the cytosol and plastids is facilitated by 45 or more putative transporters (Weber 
et al., 2005; Fisher, 2011).  De novo FABS in plants occurs in the plastid internal matrix 
(stroma). Glycerolipids can be assembled from these fatty acids (FAs) at the plastid 
envelope or can be exported to the endoplasmic reticulum (ER) to be assembled into 
extraplastidic membrane lipids. Some of the lipids assembled in the ER return to the 
plastid and are remodeled (Benning, 2008). Research to date has focused primarily on 
biosynthetic metabolism and photosynthesis in chloroplasts.  The essentially 
heterotrophic plastids found in developing seeds, roots, tubers, and fruits may 
demonstrate some capacity for photosynthesis (Neuhaus & Emes, 2000). Heterotrophic 
plastids of most species have a complete set of glycolytic and oxidative pentose 
phosphate pathways enzymes (Neuhaus & Emes, 2000; Sparace & Kleppinger-Sparace, 
2008; Tetlow et al., 2005), and the accumulation of some end-products depends on 
precursors and energy cofactors imported from the cytosol (Neuhaus & Emes, 2000); all 
of which contributes to the complexity of heterotrophic plastid metabolism.  In addition, 
temporal and developmental effects on these pathways add to the system complexity 
(Neuhaus & Emes, 2000). Current models of metabolism support previous ideas that 
plastids can synthesize or obtain all necessary precursors (including acetyl-CoA for de 
novo FABS), cofactors and metabolic energy required to support a variety of metabolic 
pathways (Joyard et al., 1998; Tetlow et al., 2005).   Modern genetics has the tools to 
modify these pathways; however a detailed understanding of the biochemical processes, 
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regulation, and ontogeny of plastids is an essential prerequisite to the genetic engineering 
of an improved variety (Kinney & Clemente, 2005; Neuhaus & Emes, 2000). 
Plastid Functions 
Plastids must coordinate and perform multiple metabolic processes 
simultaneously including the following: 
 Biosynthesis of fatty acids for oil, lecithin, and membrane lipid biosynthesis 
(Somerville et al., 2000). 
 Biosynthesis of isoprenoids (isopentenyl-PP, carotenoids, tocopherols) 
(Lichtenthaler, 1999). 
 Biosynthesis and storage of starch (Neuhaus & Emes, 2000). 
 Biosynthesis of aromatic amino acids (phenylalanine, tyrosine, tryptophan) 
(Tetlow et al., 2005). 
 Assimilation of sulfur, including the reduction of sulfate to sulfide and its 
incorporation into cysteine and methionine (Crawford et al., 2000). 
 Assimilation of nitrogen, including the reduction of nitrite to ammonia, and its 
incorporation into amino acids via a set of reactions catalyzed by glutamine 
synthase/glutamate synthase (GS/GOGAT) (Tetlow et al., 2005). 
 Assimilation of CO2 via C3 photosynthesis, vitamin synthesis, secondary 
metabolite and plant hormone synthesis (chloroplasts), etc. (Moller, 2005). 
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Competition for Resources 
Plastids have a central role in a number of primary metabolic processes which are 
vital to the plant (Neuhaus & Emes, 2000).  Details of these metabolic processes are 
provided below. 
Starch Biosynthesis, Accumulation and Degradation 
Starch transiently accumulates in photosynthetically active tissues as a transient 
form and accumulates longer term, as a storage form, in heterotrophic tissues (roots, 
tubers, fruits, embryos, and endosperm) (Ziegler & Beck, 1989). The nucleotide sugar 
ADPglucose (ADPGlc) is the committed precursor for starch biosynthesis and is 
synthesized from glucose-1-phosphate (Glc1P) and ATP in a reaction catalyzed by 
ADPglucose pyrophosphorylase (AGPase) (Neuhaus & Emes, 2000). As reviewed by 
Neuhaus & Emes (2000), several metabolites have been considered to be the precursor 
for starch synthesis in amyloplasts.  Glucose-6-Phosphate (Glc6P) along with exogenous 
ATP promotes starch biosynthesis in amyloplasts from developing pea embryos and 
cauliflower buds.  Rapeseed embryos utilize Glc6P as the most effective precursor for 
starch synthesis. In contrast, studies of potato amyloplasts showed that Glc6P could not 
support starch synthesis but exogenously supplied glucose-1-phosphate (Glc1P) resulted 
in starch synthesis.  However, a different study showed that potato amyloplasts required 
Glc6P, not Glc1P but in this study the recovery of organelles from the original 
preparation was only 0.3% as compared to the previously mentioned study having 10% 
recovery.  Regardless, the conversion of hexose phosphates into starch in the amyloplasts 
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is catalyzed by AGPase which requires Glc1P and ATP (Neuhaus & Emes and references 
therein, 2000).  Starch accumulation is regulated at the level of the enzyme AGPase, by 
the allosteric activator 3-phosphogylceric acid (3-PGA), and inhibited by inorganic 
phosphate (Balliicora et al., 2004). The stimulatory effect of exogenously provided 3-
PGA on starch biosynthesis in sycamore cell-suspension cultures (Pozueta-Romero & 
Akazawa, 1993), and plastids isolated from sweet pepper and tomato fruits (Batz et al., 
1993; Buker et al., 1998) suggests the role of a transport system and that Glc6P is not 
readily converted to 3-PGA within the stroma. A Glc6P/Pi transporter has been identified 
in storage plastids at a molecular level (Flugge, 1999). The activity of an ADPGlc 
transporter may be a major mechanism for carbon entry into the organelle (Neuhaus & 
Emes, 2000). Flux of carbon through a pathway can also be controlled by altering 
provision of substrates and cofactors.  Studies using Brassica napus seeds over 
expressing  ADPglucose pyrophosphorylase  (AGPase) revealed a large increase  in seed 
starch content while oil content decreased by 50%; indicating that diverting carbon flow 
to storage of starch  ‘starves’ the FABS pathway of carbon precursors (Ohlrogge & 
Jaworski, 1997). 
Nitrogen Assimilation 
Nitrogen assimilation is an extremely costly energetic process (Schunemann et al., 
1993). It involves the reduction of nitrate to ammonia and the incorporation of the latter 
into amino acids. The initial steps of inorganic nitrogen assimilation (i.e. the reduction of 
nitrate to nitrite) occur in the cytosol; however, subsequent primary assimilation (i.e. the 
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reduction of nitrite to ammonia) and amino acid biosynthesis reactions, occurs in the 
plastids.  The amount of nitrogen that is assimilated in the roots vs. the leaves depends on 
the species involved along with growing conditions of the plant.  Non-photosynthetic 
plastids can import ATP from the cytosol (Schunemann et al., 1993), or it can be 
provided by plastidic glycolysis (Qi et al., 1994).  Plastid envelopes are considered to be 
impermeable to pyridine nucleotides.  Thus, the reducing power required for nitrogen 
assimilation is produced by the Oxidative Pentose Phosphate Pathway (OPPP) of the 
plastid (Wright et al., 1997). Oxidation of Glc6P via OPPP provides reducing equivalents 
for FABS as well as nitrogen assimilation.  The ratio of NADPH/NADP regulates the 
first enzyme of OPPP, glucose 6-phosphate dehydrogenase (G6PDH) and high 
concentrations of NADPH can inhibit its own production (Wright et al., 1997). 
Glycolysis and Oxidative Pentose Phosphate Pathways 
Arabidopsis thaliana mutants have shown that the glycolytic pathway is 
fundamental to lipid biosynthesis (Focks & Benning, 1998). ATP and reduced 
nucleotides for biosynthesis in the chloroplasts are supplied by photosynthesis and 
glycolysis.  Heterotrophic plastids of oil seeds and fruits (Dennis, 1989; Dennis & 
Miernyk, 1982), safflower and linseed plastids (Browse & Slack, 1985), and oilseed rape 
embryos (Eastmond & Rawsthorne, 2000) depend on plastidic glycolysis and the 
oxidative pentose phosphate pathway (OPPP) for energy and reducing equivalents.  
FABS within the plastid requires acetyl-CoA (which cannot be transported across the 
plastid membrane) as an immediate source of carbon, ATP and reducing power 
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(Troncoso-Ponce et al., 2009). In non-photosynthetic plastids, photosynthetically derived 
hexoses from the mother plant are converted to hexose-phosphates which are taken up by 
the plastids and are metabolized by plastidic glycolysis to produce some of the required 
carbon skeleton (including acetyl-CoA), energy and reducing power subsequently used in 
fatty acid biosynthesis (Hill et al., 2003; Troncoso-Ponce et al., 2009). Different 
isoenzymes for the glycolytic pathway are localized to the cytosol and the plastids 
(Plaxton & Podesta, 2006), and a variety of different and specific transporters enable 
compartmental exchange of metabolites (Fischer & Weber, 2002). Pyruvate, the product 
of either plastidic or cytoplasmic glycolysis, is finally converted to acetyl-CoA (the 
immediate precursor for FABS) by a plastidic pyruvate dehydrogenase complex (Heldt, 
2005). While plastids from rapeseed embryos contain a complete glycolytic pathway 
(Eastmond & Rawsthorne, 2000), sunflower plastids have an incomplete glycolytic 
pathway as is evidenced by their inability to produce fatty acids when supplied with 
glucose-6-phosphate as the sole carbon source (Pleite et al., 2005). With an incomplete 
glycolytic pathway, imported glucose 6-phosphate is directed to OPPP where it produces 
NADPH for fatty acid biosynthesis (Troncoso-Ponce et al., 2009). For sunflower 
embryos, phosphoenolpyruvate (PEP) must be imported to serve as the precursor for 
FABS in the plastid (Troncoso-Ponce et al., 2009). A “Rubisco Bypass System” 
involving the upper part of plastidic glycolysis and the enzyme ribuloase-1,5-
bisphosphate carboxylase (ie “RuBisCO”) has been recently discovered in green seeds. 
This system promotes higher carbon-use efficiency by re-fixing CO2 released by the 
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plastid pyruvate dehydrogenase complex, increasing carbon recovery in oil to 80% in 
comparison to the 66% obtainable from glycolysis (Schwender et al., 2004). 
Fatty Acid Biosynthesis and Lipid Metabolism in Plastids 
The metabolic pathways, organelles involved, cofactors required, and the central 
role that plastids play in the overall process of fatty acid biosynthesis and lipid 
metabolism have been intensely investigated over the past 50 years. During that time 
plastids have been isolated from a variety of plant species and tissues, and a host of in 
vitro assays exist which attempt to emulate in vivo conditions of the plant cell (Sparace & 
Kleppinger-Sparace, 2008) and more importantly probe important questions pertaining to 
lipid metabolism in plants. Early studies have shown that fatty acid biosynthesis occurs in 
chloroplasts (Stumpf, 1977) and in proplastids from non-photosynthetic tissues (Vick & 
Beevers, 1978; Ohlrogge, Kuhn, & Stumpf, 1979). Historically, the isolation of these 
fragile organelles has released their enzymes into the cytoplasm due to extensive 
breakage, thus making clear-cut distinctions between organelle vs. cytosolic contributions 
to biochemical processes difficult.  In addition, cell disruption can lead to inactivation of 
enzymes.  The concerted effort of a minimum of six enzymes is required for FABS, and 
inactivation of only one of these enzymes would affect activity of total FABS leading to 
an underestimation of the rate.  Optimal substrate and cofactor additions must be 
established for each plant species as well (Ohlrogge, Kuhn, & Stumpf, 1979).  
All plant cells utilize a common plastidial pathway to synthesize fatty acids. The 
biochemistry of this pathway is fairly well established; however, much less is known 
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about how the plastids or plants control and allocate substrate and cofactor pools or how 
they control amounts and types of lipids produced (Ohlrogge & Jaworski, 1997). Due to 
the complex array of biochemical reactions involved in FABS, it has been difficult to 
analyze this process and gain the extensive knowledge required before plastid 
metabolism can be manipulated successfully by modern genetic engineering.  As 
reviewed by Sparace & Kleppinger-Sparace, (2008); current studies have provided much 
data about a variety of plastids. However, comparable studies of soybean embryo plastids 
have not been performed. Metabolic studies which can be performed and analyzed in a 
rapid, relatively inexpensive manner and which are relative to in vivo processes, are 
beneficial to acquiring this essential knowledge. The protein and oil deposition during 
soybean somatic embryogenesis is representative of soybean zygotic embryogenesis. This 
is a major advantage of utilizing a soybean somatic embryo system for metabolic studies 
(Mazur et al., 1999). The embryo culture system permits rapid monitoring of metabolic 
perturbations as opposed to whole plant systems where time for plant development 
becomes an issue (Kinney & Clemente, 2005). 
Fatty Acid Biosynthesis in Storage Tissues 
Oilseeds are essentially non-photosynthetic (heterotrophic) tissues where lipids 
can accumulate to levels up to 40% of the seed dry weight. Therefore, substantial 
amounts of carbon must enter (and eventually leave) the plastids for lipid biosynthesis 
(Neuhaus & Emes, 2000). The two major forms of lipids are the storage lipids 
(triacylglycerides) and membrane lipids (diacylglycerides).  Fatty acids necessary to 
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assemble these lipids are synthesized strictly in the plastids (Ohlrogge & Jaworski,1997; 
Ohlrogge, Kuhn, & Stumpf, 1979). Plastidic glycolysis has a central role in converting 
the imported sugars, derived from photosynthate from the mother plant, into precursors 
for fatty acid biosynthesis during seed development (Durrett et al., 2008; Troncoso-Ponce 
et al., 2009). The product of plastidic glycolysis is pyruvic acid. This can be converted to 
acetyl-CoA by the pyruvate dehydrogenase complex.  In turn, acetyl-CoA is an important 
precursor for de novo fatty acid biosynthesis. The plastidic acetyl CoA carboxylase 
(ACCase) complex is a highly regulated enzyme system catalyzing the committed step in 
FABS, which is the activation of acetyl CoA to malonyl CoA (Nikolau et al., 2003). 
Enzymes involved in this complex are acetyl CoA carboxylase, biotin carboxylase, and 
carboxyl transferase (Heldt, 2005). However, the source of the acetyl-CoA for ACCase in 
the plastid is not fully understood (Kang & Rawsthorne, 1996). Besides the formation of 
acetyl-CoA from glycolytic pyruvate by the plastidic pyruvate dehydrogenase complex, 
free, extra plastidic acetate is readily converted to acetyl-CoA by an envelope-bound 
acetyl-CoA synthetase (Kuhn et al., 1981). In any case, bicarbonate serves as the source 
of CO2 which is transferred to acetyl CoA by carboxyl transferase in the first reaction of 
FABS (carboxylation of acetyl CoA via biotin) (Heldt , 2005). 
 Malonyl-ACP, the primary substrate for the fatty acid synthase complex, is 
formed when the malonyl group of malonyl-CoA is transferred to the acyl carrier protein 
(ACP) (Nikolau et al., 2003). Fatty acids are elongated to up to 18 carbon atoms by 
additional malonyl-ACP derived 2-carbon units via a series of repeated condensation, 
reduction and dehydration reactions in the plastids. The first double bond of fatty acids is 
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formed within the plastids, converting stearoyl-ACP (18:0) to oleoyl-ACP (18:1) in a 
reaction catalyzed by a Δ9-desaturase (Bates et al., 2007). This soluble enzyme, stearoyl-
ACP desaturase, is localized in the plastid stroma and requires NADPH and a ferredoxin 
(Fd) redox center for activity.  The enzyme is nearly 100% efficient; therefore, virtually 
all 18:0 is converted to 18:1 inside the plastid prior to export.  Additional double bonds 
are formed by ER desaturases (Heldt, 2005).  
FABS is terminated by the hydrolysis of the acyl chain from ACP or by transfer 
of the acyl chain to glycerol 3-phosphate. The acyl-ACPs synthesized in the plastids thus 
serve two purposes. First they are the acyl-donor for synthesis of plastid membrane lipids 
via the prokaryotic pathway (Heldt, 2005; Ohlrogge & Jaworski, 1997).  Here, acyl 
transferases in the plastid terminate FABS by transesterifying the acyl moieties to 
glycerol.  This transesterification supplies acyl chains to the prokaryotic lipid synthesis 
pathway for glycerolipid assembly within the plastid (Roughan & Slack, 1982; 
Somerville & Browse, 1991). Second, a large percentage of the nascent acyl chains are 
exported to the ER for glycerolipid assembly via the eukaryotic pathway (Ohlrogge & 
Jaworski,  1997).  In this case, thioesterases within the plastids hydrolyze the acyl-ACPs 
to free fatty acids (FFA) which are then exported from the plastid to enter the eukaryotic 
lipid metabolism pathway in the ER. There are several isoforms of the thioesterases with 
specificities to long, medium or saturated acyl chains (Roughan & Slack, 1982). Once the 
FFAs are exported from the plastids, they are immediately converted to the 
corresponding acyl CoA by acyl CoA synthetase. Since thioesterases primarily hydrolyze 
16:0 and 18:1 acyl-ACPs (and a small amount of 18:0 acyl-ACPs); plastids mainly 
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provide CoA-esters with acyl residues 18:1 and 16:0 for export outside the plastid and to 
be used for lipid metabolism (Heldt, 2005).   
Lipid Metabolism 
Glycerolipid biosynthesis in plant cells requires communication between several 
cellular compartments.  Since plastids are the only site of de novo FABS in the cell, they 
must supply nascent fatty acid chains to the ER, mitochondria and cytosol for lipid 
metabolism (Sparace & Kleppinger-Sparace, 2008). In addition to fatty acids, the plastid 
exchanges complex lipids with extraplastidic membranes. Biochemical studies done on 
isolated pea chloroplasts have shown non-bulk ER fractions associated with plastid 
envelops (Kjellberg et al., 2000).  Even though the molecular or biochemical mechanisms 
are not well understood, the export of fatty acids to the ER is one of the highest flux 
phenomenon in plants (Benning, 2008). The export machinery has potential to impact 
yield and quality of plant lipids due to variations in acyl composition, transport capacity 
and/or substrate selectivity/transport.  For lipid biosynthesis engineering to be successful, 
a full understanding of fatty acid trafficking is important. However, our knowledge of 
interorganelle lipid trafficking and FA transmembrane movement is limited (Benning, 
2008). 
In the developing seed, nascent fatty acids provided by the plastids are converted 
to TAGs (triacylglycerides) in the endoplasmic reticulum.  The Kennedy pathway 
sequentially esterifies two acyl chains to glycerol-3-phosphate sequentially forming lyso-
phosphatidic acid (L-PA), then phosphatidic acid (PA). Subsequently, phosphate is 
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removed to produce diacylglycerol (DAG).  DAG can be converted to TAG via a third 
acyltransferase using acyl CoA as the acyl donor.   
Alternatively, nascent fatty acids may be incorporated into membrane lipids in the 
endoplasmic reticulum or the plastid envelope. Here again, glycerol-3-phosphate is 
sequentially acylated in two steps to form lyso-PA, then PA. From PA, metabolism can 
proceed in one of two directions. First, in both the ER and plastid, PA can be used to 
synthesize CDP-diacylglycerol, which is in turn used to synthesize phosphatidylglycerol.  
Second, PA is hydrolyzed to form diacylglycerol in both the ER and plastid. In the 
plastid, DAG is used to synthesize the plant sulfolipid and the galactolipds. In the ER, 
DAG is used to synthesize PC, or TAG via the Kennedy pathway as previously 
mentioned (Heldt, 2005; Bates et al., 2007). Recently, Bates et al. (2007) provided 
evidence indicating that fatty acids destined for TAG biosynthesis can be incorporated in 
PC via an “acyl-editing” mechanism. 
Several different mechanisms for trafficking lipids between plastids and the ER 
have been proposed. These include traditional transport systems such as flipases, protein 
carriers, vesicles, and transmembrane transport.  These may not show physiologically 
relevant rates as relates to lipid/fatty acid trafficking between the ER and plastids. 
Vesicles may provide a mechanism for glycerolipid transfer between organelles; 
however, new data is consistent with vesicular lipid trafficking to be internal to the 
plastids.  Currently, direct contact offers a more attractive explanation for lipid trafficking 
between organelles (Benning, 2008). These direct contact sites between the ER and the 
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outer envelope membrane of the plastid can be isolated and have been named PLAMs 
(plastid associated membranes). In addition, in vivo optical manipulation has shown that 
these membrane contact sites exhibit strong attractive forces, such that the force required 
to separate the plastid membrane from the ER membrane would result in disrupting the 
plastid envelope (Andersson et al., 2007). 
Acetyl-CoA 
Acetyl-CoA is a key metabolite in plant metabolism because it occurs at the 
metabolic crossroads of a number of pathways. It is a catabolic product of carbohydrate, 
lipid and amino acid metabolism.  Similarly, it is an anabolic precursor for fatty acid, oil, 
membrane lipid, wax, isoprenoid, amino acid, and other synthetic pathways.  Acetyl CoA 
is independently produced and utilized in the cytosol, plastids, mitochondria, and 
peroxisomes (Oliver et al., 2009). Despite acetyl-CoA’s key position in plant metabolism, 
currently only a basic understanding of its chemistry, source and regulation is known 
(Oliver et al., 2009). Within the plastids, acetyl-CoA pools are primarily consumed for 
biosynthetic processes. All of the carbon atoms within a fatty acid are derived from the 
plastidial acetyl-CoA pool (Ohlrogge & Browse, 1995). Experiments have shown that 
free acetate is rapidly converted to acetyl-CoA by acetyl-CoA synthetase.  In addition, 
pyruvate is a source of acetyl-CoA for FABS via the pyruvate dehydrogenase complex 
(PDH) (plastidial or mitochondrial) or citrate lyase.  It is most likely that multiple 
pathways provide acetyl-CoA required for FABS.  The precise source(s) of acetyl-CoA 
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may depend on the specific tissue and/or its developmental stage (Kang & Rawsthorne, 
1996). 
Intermediates Capable of Supporting Fatty Acid Biosynthesis 
As reviewed by Neuhaus and Emes (2000), multiple studies on purified 
chloroplasts have revealed a range of intermediates which can support fatty acid 
biosynthesis. In the plastids, acetyl-CoA synthesis is catalyzed by two enzyme 
complexes:  pyruvate dehydrogenase complex (PDHC) and acetyl CoA synthetase 
(ACS).  Acetate is the substrate for ACS, but the source of acetate has not been 
determined (Roughan et al., 1976).  Historically, acetate has been used as an extremely 
effective precursor for the study of FABS.  In this regard, acetate has been used as the 
primary carbon source in the study of FABS in a variety of plastids including plastids 
from cauliflower buds, maize endosperm and wheat endosperm (Journet & Douce, 1985; 
Mohlmann & Neuhaus, 1997).  Acetate is also the most efficient carbon source for the oil 
rich Cuphea wrightii seeds (Heise & Fuhrmann, 1994). Plastids rapidly incorporate 
14
C-
acetate into fatty acids when applied to intact leaves of Arabidopsis (Benning, 2008) and 
by isolated spinach chloroplasts (Kuhn et al., 1981).  Early studies of FABS suggested 
that acetate from the combined reactions of mitochondrial pyruvate dehydrogenase and 
acetyl-CoA hydrolase enters the stroma of the plastids and provides a primary carbon 
source for FABS (Kuhn et al., 1981). A study using isolated pea root plastids 
(Kleppinger-Sparace et al.,1992) indicated acetate as an extraplastidic source of carbon, 
as well as [2-
14
C] pyruvate were acceptable biosynthetic precursors for FABS. The ability 
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to use pyruvate as a precursor for FABS indicates an active pyruvate dehydrogenase 
complex is present in plastids (Dennis, 1989; Harwood, 1988; Kleppinger-Sparace et 
al.,1992). PDHC is thought to be a physiologically more direct source of substrate for in 
vivo lipid metabolism (Reid et al., 1977).  Still, there is some debate as to which enzyme 
system provides FABS with the majority of required substrate (Ohlrogge & Browse, 
1995).  As reviewed by Oliver et al., (2009), recent experiments with Arabidopsis 
thaliana mutants suggest PDHC is the primary source of acetyl-CoA for lipid synthesis. 
However, based on the centralized position of acetyl-CoA in diverse and multiple 
biochemical pathways of the plant cell, as well as the dependence of every cellular 
compartment on FABS, it is reasonable that multiple pathways supply this substrate to 
FABS (Neuhaus & Emes, 2000; Sparace & Kleppinger-Sparace, 2008; Tetlow et al., 
2005). 
 In addition to acetate and pyruvate, plastids import other cytosolic precursors, 
such as glucose-6-phosphate, dihydroxyacetonephosphate (DHAP), and malate, as carbon 
sources for FABS (Kleppinger-Sparace et al., 1992; Pleite et al., 2005; Qi et al., 1994). In 
castor bean, malate is the precursor that supports the highest rates of lipid synthesis 
(Smith et al., 1992). Pea root and rapeseed plastids utilize a range of precursors, including 
Glc6P, triose phosphates, malate, pyruvate, and acetate (Kang & Rawsthorne, 1996; Qi et 
al.,1 994). Cofactor requirements (especially ATP and NADH) may be dependent upon 
which of these precursors (acetate, Glc6P, PEP, pyruvate, malate) are used by plastids for 
FABS (Sparace & Kleppinger-Sparace, 2008; Qi et al., 1994).  Enzymatic studies of 
crude extracts from sunflower seeds show all components of the glycolytic pathway; 
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however, isolated plastids have important enzymatic activities missing (glyceraldehyde-
3-phosphate dehydrogenase and enolase).  Therefore, in sunflower, phosphoenolpyruvate, 
or one of its metabolic derivatives, is the most likely precursor for fatty acid biosynthesis 
(Troncoso-Ponce et al., 2009). In addition, the pentose phosphate pathway provides the 
reducing power (NADPH) utilizing glucose-6-phosphate imported into the plastids and 
may also be effected by which precursor is provided (Troncoso-Ponce et al., 2009). 
Therefore, the rate of FABS generated from each of these precursors, including 
physiological preference, is influenced by developmental stage, species, the nature or 
type of tissue from which the plastids are isolated, and availability of reductant (Neuhaus 
& Emes, 2000, Sparace & Kleppinger-Sparace, 2008; Tetlow et al., 2005).  
Experimentally, acetate is often used as a precursor to study plastidial FABS and 
glycerolipid assembly because it supports high rates of FABS (in vivo and in vitro) in 
most tissues or plastids and is relatively inexpensive (Sparace & Kleppinger-Sparace, 
2008 and references therein).  
Metabolic Energy and Reducing Equivalents 
In addition to a carbon source, FABS depends on a supply of energy in the form 
of ATP and reducing equivalents (Sparace & Kleppinger-Sparace, 2008). Photosynthesis 
can provide this energy and light has been shown to stimulate oil accumulation in green 
oilseeds (Eastmond et al., 1996; Rolletschek et al., 2005; Ruuska et al., 2004).  
Photosynthetic production of NADPH and ATP, prevention of anoxia via photosynthetic 
O2 evolution, or the provision of metabolic intermediates may be responsible for this 
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apparent stimulation (Ruuska et al., 2004).  However, there is not a general agreement in 
the overall effects of light.  Other studies with linseed and rapeseed plastids, suggest that 
photosynthesis in these plastids is unlikely to contribute sufficient metabolic carbon to 
sustain lipid biosynthesis (Browse & Slack, 1985; Eastmond et al., 1996).  Developing 
soybean embryo plastids have not been investigated for photosynthetic effects and studies 
are needed to clarify the role of light in biosynthetic activities of these plastids. FABS is 
an energy demanding pathway (approximately 7 ATP and 14 NAD(P)H per 18C-FA 
assembled). The availability of these cofactors can potentially limit de novo FABS 
(Ohlrogge & Jaworsk, 1997). Chloroplasts acquire these cofactors from 
photophosphorylation and electron transport. However, non-photosynthetic or 
heterotrophic plastids, as well as plastids from tissues grown in the dark, must obtain 
these cofactors from either the cytosol or produce them via their own internal glycolysis 
or oxidative pentose phosphate pathway (OPPP) (Kleppinger-Sparace et al., 1992; 
Neuhaus & Emes, 2000; Ohlrogge & Jaworski, 1997).   
In the absence of exogenously supplied ATP, the metabolism of Glc6P, 
Glyceraldehyde-3 phosphate (Gald-3P) or Dihydroxyacetone phosphate (DHAP) (triose 
phosphates), and PEP via a plastidic glycolytic pathway can supply ATP internally at the 
reactions catalyzed by phosphoglycerate kinase and pyruvate kinase (Neuhaus & Emes, 
2000). A study done on castor bean leucoplasts showed acetate dependent FABS to 
increase 4 fold with the provision of PEP for internally generated ATP over the rate with 
exogenously supplied ATP (Boyle et al., 1990). Chromoplasts from daffodil (Kleinig & 
Liedvogel, 1980) and leucoplasts from pea roots (Qi et al.,1994) could synthesize ATP 
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via a triose phosphate shuttle. The triose phosphate shuttle (also known as the DHAP 
shuttle) specifically makes use of the portion of glycolytic metabolism from 
dihydroxyacetonephosphate to phosphoglyceric acid. This shuttle provides intraplastidic 
ATP at the reaction carried out by phosphoglycerate kinase (Kleppinger-Sparace et al., 
1992; Qi et al., 1994).  
For energy demands in excess of what internal oxidative pathways can provide, 
anabolic processes by heterotrophic plastids require uptake of ATP from the cytosol. An 
ATP transporter has been identified in chloroplasts and heterotrophic plastids (Heldt, 
1969; Schunemann et al., 1993). A study using transgenic plants (potato amyloplasts) 
with reduced ATP/ADP transporter activity indicated that the transporter limits the rate of 
end-product synthesis.  Increased activity of the transporter elevates stromal ATP and 
presumably higher concentrations of ADPglucose enhancing starch synthesis (Mohlmann 
et al., 1994). 
As mentioned above, FABS also requires a supply of reducing power. More 
specifically, fatty acid synthase (FAS) requires a total of 14 NAD(P)H for the conversion 
of eight C2 unites in one C16 fatty acid (Ohlrogge & Jaworski, 1997).  As with the 
intraplastidic generation of ATP as described above, these reducing equivalents can be 
generated via the combined activities of the glucose phosphate/phosphate transporter and 
the oxidation of glucose-6-phosphate via plastidic glycolysis and /or the oxidative 
pentose phosphate pathway (Heldt, 2005). Stimulation of FABS by the oxidation of 
glucose-6-phosphate via the OPPP was confirmed in rapeseed embryo plastids using 
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carbon atom tracing of the released CO2 from Glc6P (Kang & Rawsthorne, 1996). 
Similarly, glycolytic glyceraldehyde-3-phosphate dehydrogenase and the pyruvate 
dehydrogenase complex can both provide additional NAD(P)H, while malate driven 
FABS may be another mechanism to import such reducing equivalents (Smith et al., 
1992). Finally, it is noteworthy to mention that exogenously supplied reduced nucleotides 
are often included reaction cocktails designed to promote in vitro FABS (Sparace & 
Kleppinger-Sparace, 2008). However, the plastid envelope is generally considered to be 
impermeable to pyridine nucleotides in vivo, and any stimulatory effects seen by the 
addition of such exogenously supplied nucleotides may be artifactual (Neuhaus & Emes, 
2000). 
More Complexity: Developmental & Temporal Effects 
Experiments using rapeseed embryos show that the developmental stage of an 
embryo can affect the carbon flux to the various synthesis pathways (starch, lipid and 
protein). Such studies indicate that increased rates of one pathway often correspond to 
decreased rates in another pathway (Murphy & Cummins & references therein, 1989). In 
this regard, as reviewed by Neuhaus and Emes (2000), studies using transgenic rapeseed 
with an up-regulated AGPase diverted carbon flux from lipid to starch synthesis. 
Conversely, in studies of pea embryos lipid increased while starch decreased.  And, a 
study with transgenic potatoes showed a decrease in both starch and protein. A mutant of 
A. thaliana seeds with manipulated lipid metabolism exhibited 80% less lipid and 
elevated starch levels as compared to wild type. These various studies reveal the 
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complexity of the interactions between competing pathways and suggest that end results 
may vary dependent on species, tissue type and developmental stage ( Neuhaus & Emes 
and references therein, 2000). 
As mentioned previously, plastids perform many metabolic processes 
simultaneously which can potentially compete for the same resources.  It has been shown 
that in the mid-stage of rapeseed embryo development, FABS and starch synthesis occur 
simultaneously in the plastid (Kang & Rawsthorne, 1996).   When isolated plastids, 
supplied with Glc6P and ATP, were supplemented with pyruvate there was a 3 fold 
increase in FABS and no effects on starch synthesis.  This would suggest that the two 
pathways do not compete for ATP. The OPPP meets the requirements for reducing power 
when Glc6P alone is utilized.  However, oxidation of Glc6P and pyruvate simultaneously 
resulted in OPPP generated NADPH to be insufficient levels to sustain FABS.  This 
suggests that another source of reduced nucleotides must be available (Kang & 
Rawsthorne, 1996). In contrast, a study using cauliflower buds shows that FABS and 
starch synthesis do compete for the same ATP pool (Mohlmann et al., 1994). Finally, in a 
parallel line of research, Brown et al., (1998) showed that the rates of in vitro FABS were 
suppressed when nitrogen assimilation (nitrite reduction) was promoted at the same time 
that FABS was occurring. 
Collectively, these various studies with diverse results and interactions 
demonstrate the complexity involved in a highly integrated metabolism within plastids 
and that different biosynthetic processes can impact each other or compete for limited 
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resources.  Before end products can be manipulated, a more detailed understanding of 
such metabolic cross talk is necessary (Neuhaus & Emes, 2000). 
Conclusion 
Plastids are an extremely important and diverse group of organelles in higher 
plants engaged in a number of vital activities that are not only important to the plant, but 
also in agriculture. Among these are the photosynthetic activities of chloroplasts, the 
biosynthesis and storage of starch in amyloplasts, the assimilation of nitrogen and 
biosynthesis of amino acids in essentially all plastids, but especially the biosynthesis of 
fatty acids in leucoplasts that are required for the accumulation of oil in seeds. Recent 
research has shown that many of these biosynthetic activities can simultaneously occur in 
the same type of plastid, and the various biosynthetic pathways involved may compete 
for the limited amount of resources available to the plastid.  Despite all that is known 
about the biochemistry and physiology of plastids, it is still not known how plastids, 
especially those in developing seeds, regulate metabolism or partition their limited 
resources into the various metabolic processes leading to the accumulation of the main 
storage components of the seed.  Such information is crucial in order to facilitate modern 
biotechnological approaches to modify or enhance the composition of seeds for emerging 
alternative uses or applications. With growing interests in renewable “bio-based fuels” 
combined with record high prices of crude oil and political instability in the Middle East, 
soybean has become an even greater target crop of interest. Soybean oil is already the 
main feedstock for the biodiesel industry, and with demands for such biofuels expected to 
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increase in the future, there is considerable interest in creating a variety of soybean with 
increased seed oil content. Because the plastid is at the crossroads of a number of 
metabolic processes leading to the accumulation of seed storage reserves, it is likely that 
any enhancement in seed composition will be based on the molecular genetic 
manipulation of one or more key target enzymes of the developing embryo plastids, and 
thus an information void exists in this area for soybean.  The project described here 
represents an attempt to provide some of the basic information about soybean embryo 
plastids that is required in order to take a rational approach towards the molecular genetic 




Research Objectives and Goals 
Relevance  
As described previously, soybean is an extremely important and valuable crop 
worldwide with great potential for even greater economic impact than it currently has.  
Much of the value associated with this crop is associated with the protein and  the oil 
content of its seeds.  In addition to its major role as an edible vegetable oil, soybean oil is 
currently the main feedstock for the emerging biodiesel fuel industry.  As a result, there is 
increasing interest in increasing the oil content of the seed through modern 
biotechnological approaches.  Also as mentioned earlier, the plastid plays a major role in 
the processing of carbon and allocation of metabolic resources for the accumulation of 
the storage reserves of the seed.  An important barrier in achieving the goal of increasing 
the oil content of seeds is the fact that, despite all of the basic research on the 
biochemistry and physiology of many different types of plastids derived from many plant 
species, little or no basic information is available for soybean somatic embryo plastids.  
Such information is crucial in order to eventually manipulate the composition of the 
soybean seed through modern biotechnology.  In this regard, the laboratory of S.A. 
Sparace recently embarked on a comprehensive project designed to provide the 
information necessary to achieve this goal using soybean somatic embryos as a model 
system.  Of central importance to this project is the need for a reliable method for the 
routine isolation of plastids from developing soybean embryos and a baseline of 
metabolic activity in support of plastidic fatty acid biosynthesis upon which to assess the 
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impact of other metabolic activities that will also likely occur in these plastids.  These 
needs form the basis of the M.S. thesis described here with the following specific 
objectives. 
Objectives 
1. Develop a method for the routine isolation and purification of intact physiologically 
active plastids from soybean somatic embryos. 
2. Determine the optimum cofactor requirements for maximum rates of in vitro fatty 
acid biosynthesis from 
14
C-acetate by isolated somatic embryo plastids. 
3. Determine the 14C-precursor preference for maximum rates of fatty acid biosynthesis 
by isolated somatic embryo plastids.  
4. Determine the profile of radiolabelled fatty acids and glycerolipids synthesized from 
14
C-acetate by isolated somatic embryo plastids. 
5. Determine the effects of selected modulators of lipid metabolism on fatty acid and/or 
glycerolipid biosynthesis from 
14






Andersson MX, Goksor M, & Sandelius AS (2007) Optical manipulation reveals strong 
attracting forces at membrane contact sites between endoplasmic reticulum and 
chloroplasts. J Biol Chem , 282: 1170-4 
Andre C, Froehlich JE, Moll M, & Benning C (2007) A heteromeric plastidic pyruvate 
kinase complex involved in seed oil biosynthesis in Arabidopsis. Plant Cell, 19: 
2006-2022 
Arnon, DI (1949) Copper Enzymes in Isolated Chloroplasts. Polyphenoloxidase in Beta 
vulgaris. Plant Physiology 24: (1) 
Balliicora M, Iglesias A, & Preiss J (2004) ADP-glucose pyrophosphorylase: a regulatory 
enzyme for plant starch biosynthesis. Photosynthesis Research, 79: 1-24. 
Bates PD, Ohlrogge JB, & Pollard M (2007) Incorporation of newly synthesized fatty 
acids into cytosolic glycerolipids in pea leaves occurs via acyl editing. Journal of 
Biological Chemistry  282: 31206-31216 
Batz O, Scheibe R & Neuhaus HE (1993) Purification of chloroplasts from fruits of green 
pepper and characterization of starch synthesis. Planta 196: 50-57 
Behal RH, Lin M, Back S, & Oliver DJ (2002) Role of acetyl-CoA synthetase in the 
leaves of Arabidopsis thaliana. Arch Biochem Biophys 402: 259-267 
Benning C. (2008) A role for lipid trafficking in chloroplast biogenesis. Progress in Lipid 
Research  47: 381-389. 
Bligh EG, Dyer WJ (1959) A rapid method of total lipid extraction and purification. Can 
J Biochem Physiol 37: 911-917 
Boyle SA, Hemmingsen SM, & Dennis DT (1990). Energy requirement for the import of 
proteins from developing endosperm of Ricinus communis L. Plant Physiol 92: 
151-54 
Brown  MJ,  Emes MJ, Sparace SA (1998)  Changes in pea root plastid fatty acid 
biosynthesis in relation to development and nitrogen assimilation.   In Advances 
in Plant Lipid Research (Proceedings of the 13th International Symposium on 
Plant Lipids, Sevilla, Spain), J. Sanchez, E. Cerda-Olmedo, E. Martinez-Force, 
eds., Secretariado de Publicaciones, Universidad de Sevilla, pp. 98-100. 
33 
 
Browse J, & Slack CR (1985) Fatty acid synthesis in plastids from maturing safflower 
and linseed cotyledons. Planta 166: 74-80 
Browse J, Warwick N, Somerville CR, & Slack C R (1986) Fluxes through the 
prokaryotic and eukaryotic pathways of lipid synthesis in 16:3 plant Arabidopsis 
thaliana. Biochem J 235: 25-31 
Buhr T, Sato S, Ebrahim F, Xing AQ, Zhou Y, Mathiesen M et al. (2002) Ribozyme 
termination of RNA transcripts down-regulate seed fatty acid genes in transgenic 
soybean. Plant J  30: 155-163 
Buker M, Schunemann D, & Borchert S (1998) Enzymatic properties and capacities of 
developing tomato fruit plastids. J Exp Bot, 49: 681-91 
Butzen S (2006) Biodiesel Production in the US. Crop Insights 16: (5) 1-4 
Crawford NM, Kahn M L, Leustek T, & Long SR (2000) Nitrogen and Sulfur in 
Biochemistry and Molecular Biology of Plants. (B. B. Buchanan, W. Gruissem, & 
R. L. Jones, Eds.) Rockville MD: American Society of Plant Physiologists 
DennisDT (1989) Fatty acid biosynthesis in plastids. (C. D. Boyer, J. C. Shannon, & R. 
C. Hardison, Eds.) Physiology, Biochemistry and Genetics of Nongreen Plastids 
120-129 
Dennis DT, & Miernyk JA (1982) Compartmentation of nonphotosynthetic carbohydrate 
metabolism. Annu Rev Plant Physiol 33: 27-50 
Durrett TP, Benning C, & Ohlrogge J (2008) Plant triacylglycerols as feedstocks for the 
production of biofuels. The Plant Journal 54: 593-607 
Eastmond PJ, & Rawsthorne S (2000) Coordinate changes in carbon partitioning and 
plastidal metabolism during the development of oilseed rape embryos. Plant 
Physiol 122: 767-774 
Eastmond PJ, Kolacna L, & Rawsthorne S (1996) Photosynthesis by developing embryos 
of oilseed rape (Brassica napus L.). J Exp Bot 47: 1763-1769 
Emes MJ, & Neuhaus HE (1997) Metabolism and Transport in non-photosynthetic 
plastids. J Exp Bot, 48: 1995-2005 




ERS_USDA. (2010, March 9). Soybeans and Oilcrops. Retrieved October 22, 2010, from 
USDA Economic Research Service: 
http://www.ers.usda.gov/Briefing/SoybeansOilCrops/ 
Fischer, K. (2011), The import and export business in plastids. Transport processes across 
the inner envelope membrane. Plant Physiology, 155: 1511-1519. 
Fischer K., & Weber A (2002) Transport of carbon in non-green plastids. Trends Plant 
Sci 7: 345-351 
Flugge UI (1999) Phosphate translocators in plastids. Annu Rev Plant Physiol Plant Mol 
Biol 50: 2745 
Focks N, & Benning C (1998) Wrinkled1: a low-seed-oil mutant of Arabidopsis with a 
deficiency in the seed-specific regulation of carbohydrate metabolism. Plant 
Physiol 118: 91-101 
Harwood JL (1988) Fatty acid metabolism. Annu Rev Plant Physiol Plant Mol Biol  39: 
101-138 
Heise KP, & Fuhrmann J (1994) Factors controlling medium-chain fatty acid synthesis in 
plastids from Cuphea embryos. Prog Lipid Res 33: 87-95 
Heldt HW (1969) Adenine nucleotide translocation in spinach chloroplasts. FEBS 5: 11-
14 
Heldt HW (2005) Plant Biochemistry. San Diego: Elsevier 
Hill LM, Morley-Smith ER, & Rawsthorne S (2003) Metabolism of sugars in the 
endosperm of developing seeds of oilseed rape. Plant Physiol, 131: 228-236 
Hills M (2004) Control of storage-product synthesis in seeds. Curr Opin Plant Biol 7: 
302-308 
Hunter SC, & Ohlorogge JB (1998) Regulation of spinach chloroplast acetyl-CoA 
carboxylase. Arch Biochem Biophys 359: 170-178 
Journet EP, & Douce R (1985) Enzymic capacities of purified cauliflower bud plastids 
for lipid synthesis and carbohydrate metabolism. Plant Physio, 79: 458-67 
Joyard J, Teyssier E, Miege C, Berny-Seigneurin D, Marechal E, & Block MA (1998) 




Kang F, & Rawsthorne S (1994) Starch and fatty acid synthesis in plastids from 
developing embryos of oilseed rape (Brassica napus L.). Plant J 6: 795-805 
Kang F, & Rawsthorne S (1996) Metabolism of glucose6phosphate and utilization of 
multiple metabolites for fatty acid synthesis by plastids from developing oilseed 
rape embryos. Planta 199: 321-27 
Kinney AJ, & Clemente TE (2005) Modifying soybean oil for enhanced performance in 
biodiesel blends. Fuel Processing Technology, 86: 1137-1147 
Kirk JT, & Tilney-Bassett RA (1978) The Plastids: their chemistry, structure, growth and 
inheritance in, Plastids Annual Plant Reviews, Volume 13 (2nd ed.). (S. G. 
Moller, Ed.) Amsterdam: Elsevier/North-Holland Biomedical Press. 
Kjellberg JM, Trimborn M, Andersson M, & Sandelius AS (2000) Acyl-CoA dependent 
acylation of phospholipids in the chloroplast envelope. Biochim Biophys Acta 
1485: 100-110 
Kleinig H, & Liedvogel B (1980) Fatty acid synthesis by isolated chromoplasts from the 
daffodil. Planta 150: 166-69 
Kleppinger-Sparace K. F, Stahl RJ, & Sparace SA (1992) Energy requirements for fatty 
acid synthesis and glycerolipd biosynthesis from acetate by isolated pea root 
plastids. Plant Physiol 98: 723-27 
Kuhn DN, Knauf M, & Stumpf P K (1981) Subcellular localization of acetyl-CoA 
synthetase in leaf protoplasts of Spinacia oleracea leaf cells. Arch Biochm 
Biophys  209: 441-450 
Lichtenthaler HK (1999) The 1-Deoxy-D-xylulose-5-phosphate pathway of isoprenoid 
biosynthesis. Plant Mol biol 50 47-65 
Lin M, & Oliver DJ (2008) The role of acetyl-CoA synthetase in Arabidopsis. Plant 
Physiol 147: 1822-1829 
Lord JM (1973) Endoplasmic Reticulum as the site of lecithin formulation in castor bean 
endosperm. J Cell Biology  57: 659-667 
Mazur B, Krebbers E, & Tingey S (1999) Gene discovery and product development for 
grain quality traits. Science  285: 372-375 
36 
 
Mohlmann T, & Neuhaus H E (1997) Analysis of the precursor and effector dependency 
of lipid synthesis in amyloplasts isolated from developing wheat or maize 
endosperm tissue. J Cereal Sci 26: 161-67 
Mohlmann T, Scheibe R, & Neuhaus HE (1994) Interaction between starch synthesis and 
fatty-acid synthesis in isolated cauliflower-bud amyloplasts. Planta 194: 492-97 
Moller SG (Ed.) (2005) Plastids Annual Plant Reviews (Vol. 13). Oxford, UK: Blackwell 
Publishing Ltd. 
Mongrand  S, Besoule J, Cabantous F, & Cassagne C (1998) The C16:3/C18:3 fatty acid 
balance in photosynthetic tissues from 468 plant species. Phytochemistry 49: 
1049-64 
Mudd JB, McManus TT (1962) Metabolism of acetate by cell free preparations from 
spinach leaves. J Biol Chem 237: 2057-2063 
Murphy DJ, & Cummins I (1989) Biosynthesis of seed storage products during 
embryogenesis in rape seed, Brassica napus. J Plant Physiol 135: 63-69 
Miernyk JA, Dennis DT (1983) The incorporation of glycolytic intermediates into lipids 
by  plastids isolated from the developing endosperm of castor oil seeds (Ricinus 
communis L.). J Exp Bot 34: 712-718 
Neuhaus HE, & Emes MJ (2000) Nonphotosynthetic Metabolism in Plastids. Annu Rev 
Plant Physiol Plant Mol Biol  51: 111-140 
Nothelfer HG, Barckhaus RH, Spener F (1977) Localization and characterization of the 
fatty acid synthesizing system in cells of Glycine max (soybean) suspension 
cultures. Biochem Biophys Acta 489: 370-380 
Nikolau BJ, Ohlrogge JB, & Wurtele ES (2003) Plant biotin-containing carboxylases. 
Arch Biochem Biophys 414: 211-222 
Ohlrogge JB, & Jaworski JG (1997) Regulation of fatty acid synthesis. Annu Rev Plant 
Physiol Plant Mol Biol 48: 109-136 
Ohlrogge JB, Kuhn DN, & Stumpf PK (1979) Subcellular localization of acyl carrier 
protein in leaf protoplasts of Spinacia oleracea. Proceedings of the National 
Academy of Sciences of the USA  76: (3), 1194-1198 
Ohlrogge,J, & Browse J (1995) Lipid biosynthesis. Plant Cell 7: 957-970 
37 
 
Oliver DJ, Nikolau BJ, & Wurtele ES (2009) Acetyl-CoA-Life at the metabolic nexus. 
Plant Science 176: 597-601 
PlaxtonWC, & Podesta FE (2006) The functional organization and control of plant 
respiration. Crit Rev Plant Sci  25: 159-198 
Pleite R, Pike MJ, Garces R, Martinez-Force E, & Rawsthorne S (2005) The sources of 
carbon and reducing power for fatty acid synthesis in the heterotrophic plastids of 
developing sunflower (Helianthus annuus L) embryos. J Exp Bot 25: 1297-1303 
Pozueta-Romero J, & Akazawa T (1993) Biochemical mechanism of starch biosynthesis 
in amyloplasts from cultured cells of sycamore. J Exp Bot 44(S): 297-306 
Qi Q, Kleppinger-Sparace KF, & Sparace SA (1994) The role of the triose-phosphate 
shuttle and glycolytic intermediates in fatty acid and glycerolipd biosynthesis in 
pea root plastids. Planta 194: 103-99 
Racker E (1950) Spectrophotometric measurements of the enzymatic formation of 
fumaric and cis-aconitic acids. BBA 4: 211-214 
Reid EE, Thompson P, Lyttle CR, & Dennis DT (1977) Pyruvate dehydrogenase 
complex from higher plant mitochondria and proplastids. Plant Physiology 59: 
842-848 
Robertson EJ, Pyke KA, & Leech RM (1995) arc6, a radical chloroplast division mutant 
of Arabidopsis also alters proplastid proliferation and morphology in shoot and 
root apices. In S. G. Moller (Ed.), Plastids Annual Plant Reviews, Volume 13. 
Oxford: Blackwell Publishing LTD. 
Rolletschek H, Radchuk R, Klukas C, Schreiber F, Wobus U, & Borisjuk L (2005) 
Evidence of a key role for photsynthetic oxygen release in oil storage in 
developing soybean seeds. New Phytol 16:, 777-786 
Roughan PG, & Slack CR (1982) Cellular organization of glycerolipids metabolism. 
Annu Rev Plant Physiol  33: 97-132 
Roughan PG, Slack CR, & Holland R (1976) High rates of [1-
14
C]acetate incorporation 
into the lipid of isolated spinach chloroplasts. Biochem J 158: 593-601 
Ruuska,SA, Schwender J, & Ohlrogge JB (2004) The capacity of green oilseeds to utilize 
photosynthesis to drive biosynthesis processes. Plant Physiol  136:  2700-2709 
38 
 
Schmidt MA, Tucker DM, Cahoon, EB and Parrott, WA. 2005. Towards normalization of 
soybean somatic embryo maturation. Plant Cell Rep. 24: 383-391 
Schunemann D, & Borchert S (1994) Specific transport of inorganic phosphate and C3- 
and C6 sugar-phosphates across the envelope membranes of tomato leaf-
chloroplasts, tomato fruit-chloroplasts, and fruit chromoplasts. Bot Acta  107:  
461-67 
Schunemann D, Borchert S, Flugge UI, & Heldt HW (1993) ATP/ADP translocator from 
pea root plastids. Plant Physiol 103: 131-37 
Schwender J, Goffman F, Ohlrogge JB, & Shachar-Hill Y (2004) Rubisco without the 
Calvin cycle improves the carbon efficiency of developing green seeds. Nature 
432: 779-782 
Shoemaker R, Jackson S, Stacey G, & Cregan P (2007) Soybean Genomics Research: A 
Strategic Plan for 2008-2012.  
Smith AM, Quinton-Tulloch J, & Denyer K (1990) Characteristics of plastids responsible 
for starch synthesis in developing pea embryos. Planta  180: 517-23 
Smith RG, Gauthier DA, & Dennis DT (1992) Malate and pyruvate dependent fatty acid 
synthesis in leucoplasts from developing castor endosperm. Plant Physiol 98: 
1233-38 
Somerville C & Browse J (1991) Plant Lipids: metabolism, mutants, and membranes. 
Science 252: 80-87 
Somerville C, Browse J, Jaworski J, & Ohlrogge J (2000) Lipids, in Biochemistry and 
Molecular Biology of Plants. (B. Buchanan, W. Gruissem, & R. L. Jones, Eds.) 
Rockville MD: American Society of Plant Physiologists. 
Sparace SA, & Kleppinger-Sparace KF (1993) Metabolism in nonphotosynthetic, 
nonoilseed tissues. In T. Moore (Ed.), Lipid Metabolism in Plants (pp. 569-589). 
Boca Raton FL: CRC Press. 
Sparace,SA, & Kleppinger-Sparace KF (2008) Plastids as a model system in teaching 
plant lipid metabolism, in Teaching Innovations in Lipid Science. (pp 229-250) 
(R. Weselake, Ed.) Boca Raton: CRC. 
Sparace SA, Menassa R, Kleppinger-Sparace KF (1988) A preliminary analysis of fatty 
acid synthesis in pea roots. Plant Physiol 87: 134-137 
39 
 
Sparace SA, & Mudd J B (1982) Phosphatidylglycerol synthesis in spinach chloroplasts: 
Characterization of the newly synthesized molecule. Plant Physiol 70: 1260-1264 
Stahl RJ, & Sparace SA (1991) Characterization of fatty acid synthesis in isolated pea 
root plastids. Plant Physiol 96: 602-608 
Stumpf PK (1984) Fatty acid biosynthesis in higher plants. in, S Numa, ed, Fatty Acid 
Metabolism and Its Regulation. Elsevier, New York, pp 155-179 
Stumpf P K (1977) Biochemistry of Lipids II. In T. W. Goodwin (Ed.), In MTP 
International Review of Science (Vol. 14, pp. 215-238). London: Butterworth. 
Tetlow IJ, Rawsthorne S, Raines C, & Emes MJ (2005) Plastid metabolic pathways in 
Plastids. (S. G. Moller, Ed.) Boca Raton FL: CRC Press. 
Thomson WW, & Whatley JM. (2005) Development of non-green plastids. In S. G. 
Moller (Ed.), Plastids Annual Plant Reviews, Volume 13. Oxford: Blackwell 
Publishing LTD. 
Troncoso-Ponce MA, Kruger NJ, Ratcliffe G, & Garces R (2009) Characterization of 
glycolytic initial metabolites and enzyme activities in developing sunflower 
(Helianthus annuus L) seeds. Phytochemistry 70: 1117-22 
Vick B, Beevers H (1978) Fatty acid synthesis in endosperm of young castor bean 
seedlings. Plant Physiol 62: 173-178 
Weber A, Schwacke R, & Flugge U (2005) Solute transporters of the plastid envelope 
membrane. Ann Rev Plant Biology 56: 133-164 
Wilcox, JR. 2004. World distribution and trade of soybean. In Soybeans: Improvement 
Production and Uses, 3
rd
 Edition, HR Boerma and JE Specht, eds., p1-14. 
Williams JP, Imperial V, Khan MU, & Hodson JN (2000) The role of 
phosphatidylcholine in fatty acid exchange and desaturation in Brassica napus L. 
leaves. Biochem J 349: 127-33 
Wilson RF (2004) Seed composition in soybeans (3 ed.). (H. R. Boerma, & J. E. Specht, 
Eds.) 
Wright DP, Huppe HC, & Turpin DH (1997) In vivo and in vitro studies of glucose 6-
phosphate dehydrogenase from barley root plastids in relation to reductant supply 
for NO2- assimilation. Plant Physiol 114: 1413-19 
40 
 
Xue L, McCune LM, Kleppinger-Sparace KF, Brown MJ, Pomeroy MK, & Sparace SA 
(1997) Characterization of the glycerolipid composition and biosynthetic capacity 
of pea root plastids. Plant Physiol 113: 549-557 
Ziegler P, & Beck E (1989) Biosynthesis and degradation of starch in higher plants. Annu 
























CHARACTERIZATION OF DE NOVO FATTY ACID 
 BIOSYNTHESIS IN SOYBEAN SOMATIC  
EMBRYO PLASTIDS 
Abstract 
A method for the isolation of intact physiologically active plastids from rapidly 
developing soybean (Glycine max L.) somatic embryos has been developed for the in 
vitro study of lipid metabolism.  Using de novo fatty acid biosynthesis from 
14
C-acetate 
as a marker for physiological functionality, the greatest rates of fatty acid biosynthesis 
were recovered in 3000 x g fractions that were isolated in the presence of 0.5 M sorbitol, 
with essentially no activity occurring in the 3000 x g supernatant.  Plastids purified on 
10% Percoll were approximately 70 and 97 % free from mitochondrial and ER 
contamination, respectively, as judged by marker enzymes analysis.  Isolated plastids 
have an absolute requirement for exogenously supplied ATP, coenzyme A and 
bicarbonate for in vitro fatty acid biosynthesis.  The greatest rates of fatty acid 
biosynthesis were observed in the presence of up to 7 mM, 0.35 mM and 60 mM of each 
of these cofactors, respectively.  Although not required for activity, fatty acid 
biosynthesis was improved by about 100 % by the addition of both MgCl2 and glycerol-
3-phosphate.  The addition or omission of NADH and NADPH had little or no effect.  
Fatty acid biosynthesis was optimal at pH 8 in 50 mM Tricine buffer.  Under optimum 
conditions, maximum rates of fatty acid biosynthesis ranged from 400 to 800 nmoles 
42 
 
acetate/hr-mg chlorophyll.  In comparison to acetate, there was a strong preference for 
pyruvate as a precursor for fatty acid biosynthesis which was followed by glucose-6-
phosphate and glucose, while malate was relatively ineffective as a precursor.  
Radioactivity from 
14
C-acetate was recovered almost exclusively in palmitic and oleic 
acid.  Similarly, radioactivity from 
14
C-acetate or glycerol-3-phosphate was recovered 
mainly in phosphatidylcholine, phosphatidic acid and neutral lipids, with smaller amounts 
of phosphatidylglycerol and the plant sulfolipid.  Although plastids from soybean somatic 
embryos are pigmented green with chlorophyll, light has essentially no effect on plastid 
lipid metabolism.  Our observations indicate that soybean embryo plastids more closely 
physiologically resemble heterotrophic plastids than photosynthetic plastids. 
Introduction 
Soybean (Glycine max L.) is an important worldwide crop.  This is largely 
attributed to the protein and oil content of its seeds, each representing about 40 and 20 %, 
respectively of the seed dry weight (Wilson, 2004).  Both of these constituents are used 
for a variety of nutritionally and industrially important purposes, but especially as a high-
quality protein-rich food supplement for both animals and humans or as an edible 
vegetable oil (Lusas, 2004).  Much of the early and continuing research and development 
of soybean has been targeted mainly towards increasing the total yield of the crop and 
expanding its usefulness in today’s agricultural system, which includes reducing the 
content of less desirable constituents like phytic acid and the raffinose/stachyose sugars 
(Wilson, 2004).  More recently, traditional breeding and modern biotechnology have 
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been used to improve the fatty acid and amino acid composition of the oil and protein, 
respectively.  Indeed, soybean has been engineered to produce very long chained omega-
3 polyunsaturated fatty acids in sufficient quantities to one day serve as a fish oil 
substitute (Kinney et al., 2004).  With growing interests in biobased renewable fuels, 
soybean oil continues to serve as a major feedstock for the emerging U.S. biodiesel 
industry (Ash, 2011).  Unfortunately, soybean (and other oilseed) researchers have had 
little success in making substantial shifts in the flow of carbon into either seed oil or 
protein (Clemente & Cahoon, 2009).  This underscores the fact that we still do not fully 
understand the biochemical and genetic mechanisms that regulate the partitioning of 
metabolic resources into and among the various storage components during seed 
development. 
The plastid is one of the most important organelles of the developing seed, and 
has perhaps the greatest role in processing metabolic resources for accumulation in the 
mature seed.  Its many activities include the biosynthesis of fatty acids for both 
membrane lipid assembly and storage lipid accumulation; the synthesis, storage and 
degradation of starch; and the assimilation of nitrogen and its incorporation into amino 
acids, including the biosynthesis of aromatic amino acids (Neuhaus & Emes, 2000; 
Sommerville et al., 2000; Tetlow et al., 2005).  All of these are energy and resource 
demanding processes, and although much is known about how they each independently 
function, relatively little is known about how they may interact or compete for the same 
pool(s) of potentially limiting metabolic resources like carbon, energy and reducing 
power.  Further, surprisingly little, if any of this information is based on soybean.  A solid 
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foundation of such biochemical and metabolic information for soybean embryo plastids 
will greatly facilitate our understanding and eventual manipulation of metabolic resource 
allocation in developing soybean seeds.  Soybean somatic embryos and their plastids are 
being developed as a model to investigate the metabolic interactions that occur in the 
functions of plastids, especially as they pertain to lipid metabolism.  However, soybean 
embryos or their plastids have not been previously used for such purposes.  In order to 
fully understand how lipid metabolism interacts with other metabolic processes in these 
plastids, it is crucial to first have a thorough understanding of the lipid biosynthetic 
capabilities and cofactor requirements for such activities.  As part of our studies, we 
report here our observations on the isolation of soybean somatic embryo plastids and the 
characterization of their fatty and glycerolipid biosynthesis. 
Materials and Methods 
Materials 
All inorganic reagents, common organic reagents including organic solvents and 
common laboratory supplies were purchased from local suppliers and where appropriate 
were of reagent grade or better.  Specialty organic reagents (e.g. ATP, coenzyme A and 
tissue culture supplies) were purchased from the Sigma Chemical Co. (Saint Louis, MO, 
USA).  Radiolabelled Na-[1-
14
C]-acetate (58.5 mCi/mmol), Na-[2-
14
C]-pyruvate (15.5 
mCi/mmol), and glycerol-3-phosphate (141 mCi/mmol) were purchased from Perkin 
Elmer, Inc. (Boston, MA, USA).  [Methyl-
14
C]-cytidine diphosphocholine (55 
mCi/mmol), [U-
14
C]-malic acid (200 mCi/mmol), [U-
14





C]-D-glucose-6-phosphate (300 mCi/mmol) were all purchased from American 
Radiolabelled chemicals (Saint Louis, MO, USA). 
Soybean Embryo Culture 
Somatic embryos of soybean (Glycine max L., c.v. ‘Jack’) were initiated and 
cultured in vitro as described by He et al. (He et al., 2011).  Aliquots of embryos growing 
in FN lite medium were subcultured into 125 mL baffled flasks each containing 25 mL of 
Soybean Histodifferentiation and Maturation (SHaM) liquid medium, grown for 10 days, 
and then harvested for isolation of plastids. 
Isolation of Plastids 
The method described here for the isolation of plastids from soybean somatic 
embryos was adapted from procedures previously used for the isolation of plastids from 
germinating pea roots (Sparace & Kleppinger-Sparace, 2008) and developing rapeseed 
embryos (Kang & Rawsthorne, 1994) (appendix B).  Five to six 10-day old culture flasks 
each containing approximately 1 g fresh weight of exponentially growing embryos in 
SHaM liquid medium (a total of 5 – 7 g fresh weight tissue) were harvested, pooled, 
rinsed with distilled water and thoroughly homogenized with an ice-cold mortar and 
pestle in 13 – 15 mL (approximately 2.5 mL per gram of tissue) of a homogenization 
buffer comprised of 50 mM Tricine (pH 7.5), 0.5 M sorbitol, 1 mM EDTA, 1 mM MgCl2 
and 0.1% (w/v) bovine serum albumin.  The resulting homogenate was filtered through 
three separate and consecutive layers of 250, 50 and 20 µ nylon mesh to yield the ‘crude 
homogenate’.  The crude homogenate was then centrifuged at 3000 x g for 8 minutes to 
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yield the ‘plastid-enriched fraction’.  The resulting plastid-enriched fraction was 
resuspended in 2.5 mL of resuspension buffer containing 1.0 mM Tricine buffer (pH 7.5) 
and 0.5 M sorbitol.  Finally the resuspended 3000 x g pellet (crude plastids) was layered 
onto 5 mL of 10% (w/v) Percoll containing 50 mM Tricine buffer (pH 7.5), 0.5 M 
sorbitol, and 0.1% (w/v) BSA and then centrifuged at 4000 x g for 20 minutes to yield a 
pellet of purified plastids.   Purified plastids were gently re-dissolved in 2.5 mL of the 
above resuspension buffer.  For marker enzyme assays, the post 3000 x g supernatant was 
carefully decanted and then centrifuged at 15,000 x g for 30 minutes to yield a crude 
mitochondrial pellet that was resuspended in nominal volume and a supernatant 
comprised of microsomal membranes. 
Marker Enzyme Assays and Chlorophyll Determinations 
Plastid quality and functionality was based on their in vitro capacity to synthesize 
fatty acids from 
14
C-acetate (Sparace & Kleppinger-Sparace, 2008).  At the centrifugal 
forces routinely used in the plastid purification scheme described here, mitochondria and 
endoplasmic reticulum would be expected to be the main and relevant sources of 
organellar contamination in our plastid fractions.  In order to assess the amounts of these 
potentially contaminating organelles, fumarase as a marker for mitochondria was 
measured according to Racker (Racker, 1950), and both NADPH-Cytochrome c 
reductase and phosphorylcholine glyceride transferase were measured as markers for the 
endoplasmic reticulum (Lord, 1973; Moore, 1987).  Chlorophyll content was measured as 
described by Holden (Holden, 1965). 
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Optimization of In Vitro Conditions for Fatty Acid Biosynthesis 
Initially, reaction mixtures for the measurement of de novo fatty acid biosynthesis 
from 
14
C-acetate were based on those developed for pea root plastids (Sparace & 
Kleppinger-Sparace, 2008; Stahl & Sparace, 1991).  In preliminary experiments, various 
cofactor components of the reaction mixture were individually omitted to determine if 
they were required by soybean embryo plastids.  Subsequently, optimum concentrations 
of essential cofactors for maximum rates of fatty acid biosynthesis were determined, and 
the composition of the reaction mixture was adjusted accordingly.  The optimum reaction 
mixture routinely used in this investigation was comprised of 0.1 M tricine buffer (pH 
8.0), 0.5 M sorbitol, 6 mM each of ATP and MgCl2, 0.2 M CoA, 1 mM DL-glycerol-3-
phosphate, 40 mM KHCO3, and 0.1 mM Na-[1-
14
C] acetate (12 – 15 mCi/mmol) in a 
final reaction volume of 0.5 mL.  For precursor preference studies, acetate was replaced 
by various concentrations of other radiolabelled test precursors (pyruvate, malate, 
glucose, glucose-6-phosphate).  The effects of light were determined using a LGM550 
bank of LED plant grow lights (LED Grow Master Global, Bend OR 97701) at an 
intensity of 125 – 150 µE illuminated from beneath the sample treatment test tubes held 
in a glass water bath.  Simulated darkness was achieved by wrapping reaction tubes in tin 
foil prior to addition of plastids. Reactions were initiated by the addition of plastids, and 
incubated at 25°C with gentle shaking for one hour (except for time course experiments 
where incubations ranged from 10 min. up to 6 hours).  Reactions designed to measure 
total rates of fatty acid biosynthesis were terminated by the addition of 100 µL 8 N 
NaOH, heated for 1 hour at 80°C, acidified by the addition of 100 µL 12 N HCl followed 
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by the addition of 3 mL chloroform/methanol/acetic acid (1:2:0.5, v/v).  For reactions 
designed to examine glycerolipid biosynthesis from radiolabelled precursors, reactions 
were terminated directly by the addition of 3 mL of the same chloroform/methanol/acetic 
acid mixture.  Fatty acids or glycerolipids in chloroform/methanol/acetic acid were 
finally extracted according to Bligh and Dyer (Bligh & Dyer, 1959).  The resulting lipid 
phase was dried under a stream of flowing N2, redissolved in chloroform and saved for 
further analyses. 
Analysis of Radiolabelled Products of Lipid Metabolism 
Radioactivity in aliquots of fatty acid or lipid extracts was measured with a 
Beckman Coulter liquid scintillation counter.  Methyl esters of fatty acids were prepared 
with BF3 in methanol as described by Bishop and Smillie (Bishop & Smillie, 1970) and 
the separated by reversed phase silver nitrate thin layer chromatography (Marquardt & 
Wilson, 1998). Radioactive glycerolipid components of lipid extracts were separated by 
thin layer chromatography (Sparace & Mudd, 1982) (appendix C).  Regions of 
radioactivity were located by autoradiography, and then scraped into scintillation vials 
and measured as described above. 
Statistical Analyses 
All experiments were performed at least twice, with treatments within 
experiments performed in triplicate.  Data shown are treatment means  standard errors 
from either representative experiments, or experiments where data were combined. 
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Results and Discussion 
Isolation and Purification of Embryo Plastids 
Plastids are relatively large, dense and fragile organelles that are typically isolated 
using relatively short, low speed centrifugations, with purification schemes normally 
including centrifugation of plastids through at least one layer of Percoll silica sol 
(Sparace & Kleppinger-Sparace, 2008).  Further, it is generally accepted that the plastid 
is the only subcellular site of de novo fatty acid bioysynthesis in higher plant cells 
(Neuhaus & Emes, 2000; Sommerville et al., 2000; Tetlow et al., 2005), and that 
physiologically intact plastids are required for high rates of fatty acid biosynthesis 
(Sparace & Kleppinger-Sparace, 2008).  We have thus used plastidic fatty acid 
biosynthesis combined with chlorophyll recovery to monitor the isolation and purification 
of plastids from soybean somatic embryos (Table 1).   It is also important to note that the 
plastid (especially chloroplasts of leaves and leucoplasts of roots) can also be a major site 
for the assembly of glycerolipids from the fatty acids that they produce (Roughan & 
Slack, 1982; Xue et al., 1997).  Further, besides plastids, the endoplasmic reticulum and 
to a lesser extent mitochondria represent two other possible sites of glycerolipid 
biosynthesis from newly-synthesized fatty acids are (Roughan & Slack, 1982; Moore, 
1982).  Because plastids have not previously been isolated from soybean embryos, and 
we are also interested in glycerolipid assembly in these plastids, it is important to provide 
details on our method of plastid purification, including information about the purity of 
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our plastids in relation to possible contamination by these other lipid-synthesizing 
organelles.   
Soybean somatic embryos and their plastids are pigmented green with chlorophyll 
(He et al., 2011; data not shown).  Thus, chlorophyll content serves as an excellent 
marker for plastid recovery and as a basis for normalizing activity between experiments.  
Approximately half of the total activity for fatty acid biosynthesis and two-thirds of total 
chlorophyll content of the crude homogenate were recovered in the 3000 x g pellet.  
Although the balance of the chlorophyll of the crude homogenate was recovered in the 
3000 x g supernatant, this fraction was essentially devoid of fatty acid biosynthesis.  This 
emphasizes that the chlorophyll content of the 3000 x g supernatant likely represents 
damaged plastids or plastid fragments.  Approximately 34 and 37% of NADPH-cyt c 
reductase and fumarase (markers for endoplasmic reticulum and mitochondria, 
respectively) co-sedimented with the plastids in the crude 3000 x g plastid pellet, 
indicating that the crude plastid pellet is contaminated by these latter organelles.  The 
accuracy of NADPH-cyt c reductase as a marker for the endoplasmic reticulum, however, 
is somewhat questionable because of the possibility that it may also be associated with 
the nuclear envelope and outer membranes of mitochondria (Quail, 1979).  We thus also 
measured the activity of choline phosphotransferase, a lipid-synthesizing enzyme of the 
endoplasmic reticulum, which tends to give cleaner and less ambiguous marker results 
(Xue et al., 1997; Quail, 1979).  With this marker, ER contamination in the crude 3000 x 
g plastid pellet was estimated to be only about 4%.  The total amount of activity for this 
enzyme that was recovered in the 3000 x g supernatant was estimated to be 
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approximately 137 % of the crude homogenate, suggesting the release of this fraction 
from inhibitory substances or activities that might be associated with the plastids.  More 
importantly, centrifugation of the crude plastid pellet through a layer of 10% Percoll 
resulted in the recovery of essentially all of the activity for fatty acid biosynthesis in the 
10 % Percoll pellet, while reducing the levels of ER contamination in this fraction to 2.6 
% or 13 % (as judged by choline phosphotransferase and NADPH-cyt c reductase, 
respectively).  Similarly, estimates of mitochondrial contamination were reduced to about 
30%.  In contrast, the majority of the remaining total activities for NADPH-cyt c 
reductase, choline phosphotransferase and fumarase were recovered among the 15,000 x 
g pellet and its supernatant.  Overall, these observations indicate that our plastids are 
reasonably pure and relatively free from contamination by the endoplasmic reticulum and 
mitochondria. 
Cofactor Requirements for Fatty Acid Biosynthesis 
Initially, the cofactor requirements for de novo fatty acid biosynthesis were 
determined using a reaction mixture developed for pea root plastids (Sparace & 
Kleppinger-Sparace, 2008; Stahl & Sparace, 1991).  The omission of individual cofactors 
from the reaction mixture had various effects on the rates of fatty acid biosynthesis 
(figure 1).  Fatty acid biosynthesis from 
14
C-acetate was completely dependent on the 
presence of ATP, coenzyme A and bicarbonate.  These requirements largely reflect their 
roles in the activation of acetate to acetyl-CoA, and the carboxylation of the latter to form 
malonyl-CoA (Sparace & Kleppinger-Sparace, 2008).  The omission of MgCl2 and 
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glycerol-3-phosphate resulted in a 42 % and 15 % reduction in the rates of fatty acid 
biosynthesis respectively.  Neither NADH nor NADPH was required.  The omission of 
sorbitol, which is added as an osmoticant, resulted in approximately a 70% loss of 
activity.  This is likely due to the lysis of plastids in hypotonic medium, and is in 
agreement with the fact that physiologically intact plastids are required for fatty acid 
biosynthesis (Sparace & Kleppinger-Sparace, 2008). 
Optimum or saturating concentrations were determined for those substrates or 
cofactors that were required for fatty acid biosynthesis.  Rates of fatty acid biosynthesis 
increased in a biphasic manner with increasing concentrations of Na-acetate (Figure 2).  
The rate of increase was greatest from 0 – 50 M acetate, and then about 50% slower 
from 100 - 500 M.  Similarly, rates of fatty acid synthesis increased sharply in response 
to increasing concentrations of coenzyme A from 0 – 50 M, and then more slowly up to 
350 M (Figure 3).  Maximum rates of fatty acid biosynthesis were achieved in the 
presence of 60 mM KHCO3 (Figure 4).  Similarly, maximum rates of fatty acid 
biosynthesis were achieved in the presence of 6 – 7 mM ATP, but began to decrease at 
higher concentrations (Figure 5).  Under optimum in vitro conditions for fatty acid 
biosynthesis, the addition of up to 9 mM MgCl2 resulted in a 2.3 fold stimulation of fatty 
acid biosynthesis (Figure 6).  Similarly, the addition of up to 2 mM glycerol-3-phosphate 
resulted in a 2 fold stimulation of fatty acid biosynthesis (Figure 7).  Six buffers were 
examined for maximal fatty acid biosynthesis rates. The three least effective buffers were 
bis-tris propane, tris, and EPPS (data not shown). Maximum rates of fatty acid 
biosynthesis were observed at pH 8.0 in three different buffers, with Tricine generally 
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yielding higher rates of fatty acid synthesis over both HEPES and Bicine (Figure 8).  
Overall, these observations are in general agreement with similar studies of fatty acid 
biosynthesis in other plastid systems where ATP, divalent cations and reduced 
nucleotides are variously required for activity (Sparace & Kleppinger-Sparace, 2008; 
Sparace & Kleppinger-Sparace, 1993).  It is interesting to note, however, that isolated 
soybean embryo plastids, like pea root plastids and daffodil chromoplasts, are completely 
dependent on an exogenous supply of ATP, while spinach and lettuce chloroplasts are 
only partly dependent on externally supplied ATP (Sparace & Kleppinger-Sparace, 
1993).  Similarly, like chloroplasts and daffodil chromoplasts, reduced nucleotides 
(NADH and NADPH) are not required for fatty acid biosynthesis in soybean embryo 
plastids while they markedly improve fatty acid biosynthesis in pea root plastids and 
castor bean leucoplasts (Sparace & Kleppinger-Sparace, 2008; Sparace & Kleppinger-
Sparace, 1993). 
Under the optimum in vitro conditions for fatty acid biosynthesis determined here, 
the total fatty acid biosynthesis was linear for the first hour of reaction, but still 
increasing for up to 6 hours (Figure 9).  Similarly, under the standard one-hour reaction 
time, fatty acid biosynthesis was essentially linear with respect to plastid concentrations 
equivalent to up to 14.19 g chlorophyll (Figure 10).   
In all cases tested, palmitic and oleic acids were the main radiolabelled fatty acids 
synthesized from 
14
C-acetate (34 & 51%, respectively of the total radioactivity) with only 
minor variations in the proportions of these fatty acids synthesized (data not shown).  
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These observations are consistent with the so-called prokaryotic vs. eukaryotic pathways 
for lipid biosynthesis in plants where fatty acids synthesized in the plastids (palmitic and 
oleic acid) must be exported from the plastid for further modification or desaturation 
(Sommerville et al., 2000; Roughan & Slack, 1982).   
In addition to acetate, soybean somatic embryo plastids were able to utilize 
pyruvate, glucose-6-phosphate and glucose as radiolabelled precursors for de novo fatty 
acid biosynthesis (Figure 11).  Acetate was the preferred precursor at the lower 
concentrations tested ( 1 mM), however, pyruvate was strongly preferred over all other 
precursors, up to the highest concentration tested, followed by glucose-6-phosphate, and 
then glucose.  Malate was least effective as a precursor for fatty acid biosynthesis.  
Again, our results compare variously with other similar studies where acetate has been 
the common basis for comparison of precursor preferences.  Besides acetate, 
nonphotosynthetic plastids variously use these and other related precursors as a source of 
carbon for fatty acid biosynthesis.  In contrast to soybean embryo plastids, developing 
castor bean plastids have a strong preference for malate, followed by pyruvate and acetate 
as precursors for fatty acid biosynthesis (Smith et al., 1992).  Similarly, the order of 
precursor preference for fatty acid biosynthesis in developing rapeseed plastids was first 
pyruvate, then glucose-6-phosphate, dihydroxyacetone phosphate, malate and acetate 
(Kang & Rawsthore, 1994).  Finally, pea root plastids utilized all precursors almost 
equally effectively with a slight preference for pyruvate followed by glucose, then 
glucose-6-phosphate, acetate and malate (Qi et al., 1995).  Such studies generally suggest 
that pyruvate may be the physiologically most direct precursor for de novo fatty acid 
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biosynthesis in plastids; however, it is likely that plastids can utilize multiple precursors, 
depending on their tissues of origin and specific functions (Neuhaus & Emes, 2000; 
Tetlow et al., 2005; Sparace & Kleppinger-Sparace, 2008). 
Studies of oilseed plastid lipid metabolism rarely examine the capacity of such 
plastids for glycerolipid assembly from de novo synthesized fatty acids.  Soybean somatic 




C-glycerol-3-phosphate (Table II).  These included phosphatidylcholine 
(28%), phosphatidic acid (15%), diacylglycerol (15%) and triacylglycerol (13%), with 
lesser amounts of phosphatidylglycerol and sulfoquinovosyldiacylglycerol (data not 
shown in table 2).  Compared to other plastids examined, soybean embryo plastids 
synthesize unusually large amounts of phosphatidylcholine and triacylglycerol (Sparace 
& Kleppinger-Sparace, 1993).  The physiological role of phosphatidylcholine and 
triacylglycerol biosynthesis in these plastids remains to be established. 
As mentioned earlier, soybean somatic embryo plastids are pigmented green with 
chlorophyll.  It is thus tempting to speculate that these plastids may function like 
chloroplasts.  In terms of lipid metabolism, it is well known that lipid biosynthesis in 
chloroplasts is dependent on light, presumably due to the photosynthetic production of 
ATP and NADPH.  It was thus of considerable interest to determine the effects of light 
(vs. darkness) on fatty acid biosynthesis.  Surprisingly, light (or darkness) had essentially 
no effect on fatty acid biosynthesis (Figure 12).  These observations suggest that soybean 
embryo plastids may not be photosynthetically competent, or that lipid biosynthesis is not 
56 
 
dependent on photosynthesis as in chloroplasts.  However, when supplied with ADP and 
phosphate in the absence of exogenously supplied ATP, rates of fatty acid biosynthesis 
are almost half the rate observed in the presence of ATP.  These observations are in 
agreement with similar studies of other nonphotosynthetic plastids where ATP synthesis 
is thought to occur during plastidic glycolysis at the level of either pyruvate kinase or 
phosphoglycerate kinase (Tetlow et al., 2005; Sparace & Kleppinger-Sparace, 1993).  
However, the extent to which glycolytic metabolism may occur in soybean somatic 
embryos is not currently known. 
Conclusions 
Relatively pure, intact plastids can be isolated from soybean somatic embryos 
using methods comparable to those for the isolation of plastids from other related tissues. 
Soybean somatic embryos are fully competent in relatively high rates of de novo fatty 
acid biosynthesis and glycerolipid assembly from 
14
C-acetate. Soybean somatic embryo 
plastids have cofactor requirements similar to those of other plastids, especially with 
respect to ATP, HCO3, and CoA. Reduced nucleotides (NADH and NADPH) are not 
required for fatty acid biosynthesis. This suggests that these cofactors may be provided 
via plastidic glycolysis and/or pentose phosphate metabolism.  Although soybean somatic 
embryo plastids are green, they appear to be mainly heterotrophic in terms of their 
cofactor requirements, especially for ATP. Further, in this regard, light (or darkness) has 
essentially no effect on fatty acid biosynthesis in preliminary assays.  The synthesis of 
large amounts of PC and TAG is unusual and suggests that oilseed plastids may play an 
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important role in storage lipid biosynthesis besides fatty acid biosynthesis.  Soybean 
somatic embryo plastids can sustain relatively high rates of de novo fatty acid 
biosynthesis when provided various precursors, acetate, pyruvate, glucose-6P, glucose 
and to a much lesser degree malate.  For low concentrations, ≤ 1mM, acetate was the 
preferred precursor. However, pyruvate was strongly preferred over all other precursors 
tested up to the highest concentration tested, 50mM.  Malate was the least effective 
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Figure 1: The effects of various cofactor omissions on the rates of fatty acid 
biosynthesis by isolated soybean somatic embryo plastids. 
The indicated cofactors were individually omitted from the standard reaction mixture and 
their effects were expressed as a percent of the complete control activity. Data shown are 
the combined results of several different experiments where the average control activities 




Figure 2: Effects of increasing concentrations of Na-acetate on rates of fatty acid 




Figure 3: Effects of increasing concentrations CoA on rates of fatty acid biosynthesis 





Figure 4: Effects of increasing concentrations KHCO3 on rates of fatty acid 




Figure 5: Effects of increasing concentrations ATP on rates of fatty acid 





Figure 6: Effects of increasing concentrations MgCl2 on rates of fatty acid 







Figure 7: Effects of increasing concentrations G3P on rates of fatty acid biosynthesis 





 Figure 8: Effects of pH and buffer systems on rates of fatty acid biosynthesis in 
soybean somatic embryo plastids. Six different buffer systems over a pH range of 7 to 
8.5 were investigated.  Three less effective buffer systems tested were bis-tris propane, 
tris, and EPPS (data not shown). Three buffer systems yielding the greatest FABS rates 
(Tricine, HEPES, and Bicine) were investigated over a wider pH range (6.5 to 9.5). 
Maximum rates of FABS were observed at pH 8.0 with Tricine generally yielding higher 
rates of FABS over both HEPES and Bicine.  Data shown treatment means ± standard 





Figure 9: Effects of reaction time on the total rates of fatty acid biosynthesis in 





Figure 10: Effects of plastid concentration (chlorophyll basis) on rates of fatty acid 





Figure 11: Precursor effects on rates of fatty acid biosynthesis in soybean somatic 
embryo plastids. In addition to acetate, soybean somatic embryo plastids were able to 
utilize pyruvate, glucose-6-phosphate and glucose as radiolabelled precursors for de novo 
fatty acid biosynthesis. Acetate was the preferred precursor at concentrations ≤1mM; 
however, pyruvate was strongly preferred over all precursors tested up to the highest 
concentration tested (50mM) (not data not shown above 10mM). Malate was the least 
effective precursor for FABS.  Data shown treatment means ± standard errors from 





Figure 12: Effects of Light (dark) with/without ATP (ADP + Phosphate) on rates of 
fatty acid biosynthesis in soybean somatic embryo plastids. Multiple experiments 
were normalized using percent of control treatment (ambient fluorescent lab lighting light 
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Plastid Isolation Flow Diagram 
 
Isolation and Purification of Plastids from Soybean Somatic Embryos.  Five to seven 
grams (FW) of somatic embryos from multiple 24 day-old replicate culture flasks were 
homogenized and the homogenate treated or centrifuged as shown.  Plastids purified by 





Glycerolipid Analysis TLC Diagram 
 
The Recovery of Newly-synthesized Radioactive Fatty Acids in the Glycerolipids of 
Soybean Somatic Embryo Plastids.  Radioactive lipids synthesized from 
14
C-acetate for 
one hour under optimum conditions were resolved by thin layer chromatography using 
acetone/acetic acid/water (100:2:1, v/v, F1) followed by chloroform/ 
methanol/NH4OH/water (65:35:2:2, v/v, F2), autoradiography and quantification of 
radioactivity in each lipid.  
 
 
